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Abstract
The chemical transformations that occur during litter decomposition are key 
processes for soil organic matter formation and terrestrial biogeochemistry; 
yet we still lack complete understanding of these chemical processes. Thus, 
we monitored the chemical composition of Andropogon gerardii (big 
bluestem grass) litter residue over a 36 month decomposition experiment in 
a prairie ecosystem using: traditional wet chemical fractionation based upon 
digestibility, solid state 13C nuclear magnetic resonance (NMR) spectroscopy 
and Fourier transform infrared (FTIR) spectroscopy. The goals of this study 
were to (1) determine the chemical changes occurring during A. gerardii 
litter decomposition, and (2) compare the information obtained from each 
method to assess agreement. Overall, we observed a 97 % mass loss of the 
original litter, through a two-stage decomposition process. In the first stage, 
within 12 months, non-structural, cellulose and hemicellulose fractions not 
encrusted in lignin were preferentially and rapidly lost, while the acid 
unhydrolyzable residue (AUR) and microbial components increased. During 
the second stage, 12–36 months, all wet chemical fraction masses decreased
equivalently and slowly with time, and the AUR and the lignin-encrusted 
cellulose fractions decomposition rates were comparable to each other. 
Method comparisons revealed that wet chemical fractionation did not 
accurately follow the initial litter structures, particularly lignin, likely because
of chemical transformations and accumulation of microbial biomass. FTIR 
and NMR were able to determine bulk structural characteristics, and aid in 
elucidating chemical transformations but lacked the ability to measure 
absolute quantities of structural groups. As a result, we warn from the sole 
use of wet chemical methods, and strongly encourage coupling them with 
spectroscopic methods. Our results overall support the traditional chemical 
model of selective preservation of lignin, but shows that this is limited to the 
early stages of decomposition, while lignin is not selectively preserved at 
subsequent stages. Our study also provides important evidence regarding 
the impact of chemically different litter structures on decomposition rates 
and pathways.
Keywords: Litter decomposition, Cellulose, Hemicellulose, Lignin, NMR, FTIR, 
Grass, Big bluestem
Introduction
Plant residue (litter) decomposition is a key process assuring fundamental 
ecosystem functioning, such as the formation of soil organic matter and the 
cycling of nutrients. While we know that initial litter chemistry is a major 
factor controlling litter decomposition rates, and that litter with high nutrient 
concentrations and low lignin to cellulose ratios decompose faster (Aber et 
al. 1990; Talbot et al. 2011), there is an open debate regarding the chemical 
transformations that take place during decomposition. The conventional 
model is that litter decomposes through a stepwise process starting with the 
initial loss of soluble components, followed by the removal of labile moieties 
such as carbohydrates, while more recalcitrant compounds such as lignin are
selectively preserved (Berg and McClaugherty 2007; Rovira and Rovira 
2010). Many studies utilizing wet chemical approaches to identify litter 
chemical changes during decomposition support this hypothesis (Jung and 
Vogel 1992). More recently, studies using nuclear magnetic resonance (NMR)
spectroscopy challenged this model of selective preservation of lignin, and 
proposed that lignin decomposes alongside other components (Lorenz et al. 
2004; Preston et al. 2009), suggesting the importance of determining the 
chemical structural changes in order to accurately elucidate litter 
decomposition pathways (Buxton and Russell 1988; Jung and Vogel 1992; 
Soong et al. 2015; Cotrufo et al. 2015).
Traditionally, one of the most common methods to study litter decomposition
has been wet chemical fractionation; dividing the litter into operationally 
defined moieties to identify key structural classes such as non-structural, 
cellulose, hemicellulose, tannins, and lignin (Van Soest and Wine 1968; Allen 
1989; Rowland and Roberts 1994). These methods were originally developed
to assess the quality of different feedstocks for animal nutrition (Van Soest et
al. 1991). The main advantage of these methods is that they are quantitative
and can be used to examine multiple types of litter under varying conditions 
(Hamadi et al. 2000; Sariyildiz and Anderson 2003). As a result, there is a 
large body of studies that generally support one another’s conclusions (e.g., 
Aber et al. 1990; Jung and Vogel 1992; Coûteaux et al. 1995; Hindrichsen et 
al. 2006; Sluiter et al. 2010). A major disadvantage of this method is that it 
does not provide any direct structural information since each fraction is 
operationally defined based on its resistance to sequentially stronger digests
(Van Soest and Wine 1968).
Other commonly used methods to study litter decomposition are Fourier 
transform infrared (FTIR) and NMR spectroscopies (Lapierre 1993; Lorenz et 
al. 2004; Sjöberg et al. 2004; Preston et al. 2009; Xu et al. 2013; Bonanomi 
et al. 2013). The most notable advantage of these two methods is that they 
can examine ground litter without extraction (Nordén and Berg 1990; Smith 
2011). Specific mid-infrared FTIR band absorbances can be used as 
semiquantitative indices of organic matter functional group changes in litters
(Calderón et al. 2006; Soong et al. 2014a). While diffuse reflectance FTIR 
does not conform strictly to the Beer–Lambert Law due to the unknown 
pathlength, previous studies show that the aliphatic CH, amide, aromatic, 
and polysaccharide-associated bands respond in a semi-quantitative fashion 
when adding standards to environmental samples (Calderón et al. 2013), and
when using careful control of analytical conditions (Tremblay and Gagne 
2002). Temporal changes in band intensities allow a determination of which 
chemical moieties are being lost or enriched upon decomposition of organic 
materials in soil (Mascarenhas et al. 2000; Calderón et al. 2006). In 
particular, FTIR spectroscopy has been valuable for the study of cellulose, 
hemicellulose and lignin because of the capacity to detect different C–O, 
aromatic C–H, and aromatic C=C bonds (Haberhauer and Gerzabek 1999; 
Nikonenko et al. 2005; Gorgulu et al. 2007). On the other hand, solid state 
NMR spectroscopy is able to examine the entire sample, but it is much less 
sensitive and so only bulk functional group classifications can be made 
(Lorenz et al. 2004; Sjöberg et al. 2004). Yet, semi-quantitative comparisons 
of ratios of broad structural groups in litter samples have revealed either few
changes during decomposition (Preston et al. 2009) or enhancement in 
components considered to be recalcitrant (Bonanomi et al. 2013). The 
sensitivity of NMR can be significantly enhanced if isotopically enriched litter 
(e.g., 13C and/or 15N enriched) is examined with this method (Kelleher et al. 
2006; Spence et al. 2011).
Combining multiple techniques to study litter chemistry maximizes their 
individual strengths and can significantly improve characterization and 
comparisons of litter samples at different stages of decomposition. We used 
this strategy in our study by combining wet chemical fractionation, FTIR and 
solid state 13C NMR spectroscopy to examine the chemical composition of 13C
and 15N isotopically enriched Andropogon gerardii (big bluestem; grass) 
sequentially as it decomposed on the soil surface in a tall grass prairie over a
3 year timeframe. Big bluestem is the major grass species dominating the 
Midwestern states (Jung and Vogel 1992; Zhang et al. 2012) and its 
decomposition plays a vital role in recycling nutrients and building soil 
organic matter in prairie ecosystems. The goals of our study were to (i) 
determine the chemical changes in above ground A. gerardii litter residue as
it sequentially decomposed and (ii) compare the information and agreement 
obtained from three analytical techniques to measure these changes.
Materials and Methods
Study site
The litter decomposition experiment was conducted at the Konza Prairie 
biological research station in Kansas, USA (39.0931 °N, 96.5586 °W). It is a 
tallgrass prairie ecosystem dominated by A. gerardii. Climate at the site is 
temperate-continental, with a mean annual temperature of 12.8 °C and 
average annual precipitation of 835 mm. The soil is a silty clay Mollisol with 
approximately 4 % C and 0.32 % N, and presents characteristics of the 
footslope soils at the site (Knapp et al. 1998). The site is locally referred to as
the R20B watershed.
Litter decomposition
In June 2010 we installed 20 cm diameter PVC collars at the site to a depth of
5 cm. We removed the native litter layer from within the collars and applied 
4 ml of glyphosate to deter plant growth within the collars. The litter 
decomposition experiment began on September 29, 2010 (month 0/initial), 
when 18.4 g of 13C and 15N labeled A. gerardii litter was placed on the soil 
surface within the collars. Litter addition corresponded to an estimated local 
above ground net primary production of 400 g/m2 (Knapp et al. 1998). The 
isotopically labeled litter used throughout the experiment (3.4 at. % 13C and 
4.0 at. % 15N) was produced in a continuous isotope labeling chamber in the 
laboratory as described by (Soong et al. 2014b). The litter was approximately
21 weeks old when leaves and stalks were harvested for this experiment, 
and was showing initial signs of senescing (% C—44.3 and  % N—1.47). A full
description of the litter decomposition experiment is provided in (Cotrufo et 
al. 2015).
Briefly, it consisted of a fully randomized complete block design with 4 
replicate blocks. Within each replicate block, five whole plots each with a 
PVC collar were randomly assigned to one of the five sampling dates. On May
1 2011 (6 months), October 8, 2011 (12 months), April 14 2012 (18 months),
September 29, 2012 (24 months), and September 25, 2013 (36 months; at 
which point it was determined there was not enough material left to 
continue), all visible litter residues remaining on the soil surface were 
collected by tweezers from within collars in each of the four replicate plots. 
The litter was stored in plastic bags at 5 °C. Within two days of collection, the
litter was picked clean of any non A. gerardii leaves, roots, and soil, and 
weighed at field moisture. A subsample of the initial litter and of each litter 
after collection from the field was oven dried at 65 °C for analysis of 
gravimetric water content, and another subsample was combusted at 660 °C
in a muffle oven to determine ash content. The litter samples were then 
ground and analyzed by wet chemistry, FTIR, and NMR. Total litter mass loss 
was determined on an ash-free dry mass base as the difference between the 
initial mass and that at month 36 and expressed in percent of the initial. 
Isotopic analyses of the litter through time revealed that exogenous C and N 
were incorporated in the litter residues, likely through fungal hyphae growth,
but exogenous inputs were only significant (ca. 30 % of the total) for N 
between month 6 and 24 (Soong et al. 2016).
Wet chemical analyses of the litter
Proximate estimates of cellulose and acid unhydrolyzable residue (AUR, 
commonly referred to as lignin) content were measured using an Acid 
Detergent Fiber (ADF) (Van Soest and Wine 1968) method on the litters from 
0, 6, 12, 18, and 24 month harvests. Briefly, an initial heated digestion in 
cetyl trimethylammonium bromide (CTAB) and sulfuric acid removed 
hemicellulose and other non-structural carbohydrates and lipids, what 
remained were α-cellulose, AUR, and ash. The sample was then digested in 
73 % sulfuric acid to digest the α-cellulose. The final AUR fraction was 
combusted at 660 °C to determine ash content. The fractions were ash 
corrected and calculated gravimetrically (mass precision = 0.00001 g, 
except initial litter − mass precision of 0.01 g) and were thus proximate 
estimates for α-cellulose (referred to as cellulose from hereon) and AUR 
(Rowland and Roberts 1994). Non-structural material and hemicellulose 
content was determined by difference using the Neutral Detergent Fiber 
(NDF) method (Van Soest et al. 1991) on different litter subsamples of the 
same time harvests as above. The NDF digested the non-structural plant 
material and left behind hemicellulose, cellulose, and AUR. The hemicellulose
content was calculated as the difference between the NDF insoluble fraction 
and the ADF fraction. At 36 months, not enough litter mass remained for the 
ADF and NDF digestions.
It is important to note that the wet chemical fractionation method is 
operationally defined and based on the approach of dividing the litter into 
fractions based on their ease of digestion by ruminants (Van Soest and Wine 
1967, 1968). The non-structural pool of the litter is composed of the cellular 
material, which includes organic acids, sugars, starches and fructans, and 
proteins (Ishler and Varga 2001). It is generally considered to be the most 
bioavailable fraction of the litter and most easily digestible by microbes. The 
cellulose (α-cellulose) fraction is thought to represent all of the cellulose that 
is naturally present in the plant walls (Davies et al. 2002). Likewise, the 
hemicellulose fraction is assumed to contain all hemicellulosic material in the
plant walls (Van Soest and Wine 1968). The AUR fraction is usually 
considered to be primarily composed of lignin (Sluiter et al. 2010); although 
this has been disputed (Preston et al. 2009). For each litter fraction, its 
change over time was calculated by subtracting its mass at each harvest 
from the corresponding initial fraction mass for each field replicate (n = 4) 
and reported in percent change from the initial fraction mass.
Fourier transform infrared spectroscopy
The dried and ground litter samples of the 0, 12, 24, and 36 month litter 
were scanned from 4000 to 400 cm−1 using a Digilab FTS 7000 infrared 
spectrometer (Varian, Inc., Palo Alto, CA) with a deuterated triglycine sulfate 
detector and a (KBr) beam splitter. The instrument was fitted with a Pike 
AutoDIFF diffuse reflectance autosampler (Pike Technologies, Madison, WI). 
KBr was used as a background. Data were recorded as pseudo absorbance 
(log [1/Reflectance]), with 4 cm−1 resolution, and 64 scans were co added per
spectrum. Spectral averages and spectral subtractions were carried out 
using GRAMS AI version 9.1 software (Thermo Fisher, Woburn, MA). The 
Spectral Subtract (SUBTRACT.AB) application of GRAMS/AI 9.0 was used to 
perform the subtractions. The GRAMS/AI feature uses the dewiggle algorithm
described by (Banerjee and Li 1991). We used the optimal factor and 
tolerance values suggested by the software. Mid IR spectra contain 
fundamental and overtone bands of functionalities that sometimes overlap, 
which complicates the spectral interpretation. Second derivatives allow for 
specific identification of peaks that are too close to each other to be 
observed clearly in the original spectrum (Whitbeck 1981), details of the 
derivitization are included in statistical tests below.
Solid state 13C nuclear magnetic resonance spectroscopy
Dried and ground litter samples of the litter from 0, 12, 24, and 36 months 
were utilized for all NMR analyses. A 500 MHz Varian spectrometer operating 
at 125 MHz resonance for 13C and 500 MHz resonance for 1H equipped with a 
4 mm multi nuclear probe spectrometer housed at the Environmental and 
Molecular Science Laboratory (EMSL) at Pacific Northwest National 
Laboratory was used for all studies. A one dimensional solid state cross 
polarization magic angle spinning (CPMAS) pulse sequence (13C–1H) was 
engaged for all samples. The pulse sequence utilized a ramped pulse on the 
proton applied for 4 µs before transference to the 13C using a 1 ms contact 
time. The recycle delay between pulses was 4–8 s; optimized for each 
sample. It should be noted that CPMAS generally under represents aromatic 
species due to the longer distance between C and H. However, we do not 
anticipate severe issues, since the aromatic content of A. gerardii is low 
(Theerarattananoon et al. 2012). Samples were packed in Kel-F rotors with 
approximately 80–90 mg. Samples were spun at 14 kHz at the magic angle, 
with no noticeable spinning sidebands in the region of scanning (0–300 
ppm). 500 data points were acquired for each sample. Each sample was 100 
Hz line broadened, apodized, phased, calibrated using hexamethyl benzene, 
and baseline corrected prior to integration. Integration regions were 
distinguished based on an earlier assignment of regions for A. gerardii and 
other studies of cellulose and lignin spectra (Vanderhart and Atalla 1984; 
Theerarattananoon et al. 2012). Integration ratios (the percent of signal per 
region/structural group) were calculated by summing all integration values 
for the whole spectrum and dividing it by the individual regions, to obtain 
integration ratios based upon the change within each sample. Although this 
method is semi quantitative and does not relate to the concentration of each
region in the sample, it did allow us to compare and contrast samples 
throughout the experiment, observing changes and continuities. A number of
decomposition indexes have been developed to help examine litter by NMR 
spectroscopy (Bonanomi et al. 2013). We applied the same decomposition 
indexes (or integration ratios) to our spectra to assess quantitatively if any 
could shed more light upon the decomposition process as measured by NMR.
Statistical analysis
The FTIR spectra were derivatized using the second derivative and a gap of 
18.015 using GRAMS AI 9.1. The second derivatives have the added 
advantage of preventing baseline artifacts. Note that derivatization converts 
positive peaks in the FTIR spectrum into negative peaks, so a negative R 
score actually denotes a positive correlation. Pearson correlation coefficients 
of FTIR spectral bands and wet chemical data were calculated using GRAMS 
IQ version 9.1 software (Thermo Fisher, Woburn, MA).
Linear regression analyses (α = 0.05) were performed on plots of 
decomposition indexes (or integration ratios) with time (month) for both NMR
and wet chemical data (Supplementary Fig. 1). Details of the tests performed
on each data set to validate the statistical analyses are included in the 
Supplementary Text.
Results
Initial (month 0) litter chemical composition
Wet chemical fractionation
As determined by wet chemical analysis (operationally defined) (Table 1), 
the A. gerardii above ground litter was primarily composed of non-structural 
components (42 %). Cellulose and hemicellulose fractions were the second 
(29 %) and third (25 %) largest recovered. The AUR fraction was a very small
component of the litter (4 %).
FTIR analysis
The FTIR analysis of the initial litter spectra had the expected bands 
assigned to O–H/N–H stretching at 3400 cm−1, the aliphatic C–H bands at 
2950–2860 cm−1, as well as the ester carbonyl band from polysaccharides or 
fatty acids at 1735 cm−1 (Fig. 1). Besides these bands, two peaks with 
possible aromatic absorbance are observed within the fingerprint region, 
namely 1610 and 1510 cm−1. The small shoulder at 1464 cm−1 could be 
assigned to cellulose C–H deformation. The small peak at 1427 cm−1 is 
assigned to C–H in cellulose, hemicelluloses, or lignin. The bands at 1373 and
1319 cm−1 are due to the CH2 in cellulose and hemicelluloses. The region 
between 1150–1060 cm−1 contains bands that can be assigned to several 
macromolecules, including lignin or cutin (C–O and C–O–C stretch), and/or 
polysaccharides such as cellulose.
NMR analysis
The solid state 13C NMR spectrum (Fig. 2) of the initial litter was composed of 
a mixture of lignin, cellulose, hemicellulose, and protein; as found from the 
wet chemical and FTIR results. The dominant structural group was the C2, C3
and C5 of the cellulose structure (67–80 ppm), which is logical considering 
the greater number of carbon atoms contributing to it, and the high content 
of cellulose in the initial litter indicated by the wet chemical analysis. The C6 
cellulose region was the next most dominant (59–67 ppm), followed by the 
C1 cellulose peak (94–113 ppm). Overall and consistent with the wet 
chemical analysis, cellulose was the dominant structural group of the NMR 
spectrum.
Hemicellulose regions were the next most dominant in the initial litter, 
particularly the methyl group of hemicellulose’s acetyl (0–25 ppm). The 161–
181 ppm region was partially composed of the acetyl group in hemicellulose 
and a region from carboxyl carbon in proteins (Himmelsbach et al. 1983). 
The methoxy group of lignin was the most dominant lignin region, as 
expected, since all lignin monomers contribute to this region (46–59 ppm). 
The two other lignin regions in the spectrum were both relatively small (143–
150 and 150–161 ppm). The etherified and non-etherified regions of the 
spectrum could indicate possible strong crosslinks often observed between 
lignin and arabinoxylans (components of hemicellulose), especially for 
mature plants such as the one in our study (Casler and Jung 1999, 2006). 
More detailed region assignments were not possible due to the overlap of 
multiple groups in chemical shift regions.
Changes in litter during decomposition
Mass loss
The largest mass loss of litter was observed during 0–12 months of 
decomposition (Table 1), when two thirds of the litter was lost. Between 12–
24 months, there was a less dramatic change in mass, with only one third of 
the litter being lost. From 24 to 36 months, only 10 % of the remaining litter 
was lost compared to the 24 month harvest. By the end of the 36 months of 
decomposition 97 % of the initial litter mass was lost. Decomposition 
pathways and the fate of litter C and N during decomposition are described 
in (Cotrufo et al. 2015).
Wet chemical fractionation
The compositional makeup (as measured by wet chemistry) of the remaining
litter for each harvest changed as decomposition proceeded (Table 1). By 
month 6, we observed a preferential loss of non-structural compounds whose
content dropped by 58 % (Fig. 3a). Also cellulose and hemicellulose 
components decreased at a similar rate (23 and 33 %, respectively) while 
the AUR increased by 75 % (Fig. 3a; Table 1). In terms of relative 
concentrations, these changes resulted in a leveling out of the non-
structural, cellulose and hemicellulose fractions to about 25–30 % while the 
AUR reached about 10 % of the litter. The period between 6 and 12 months 
was characterized by a parallel loss of the cellulose and AUR fractions (Fig. 
3a; Table 1). By 12 months, the litter residue had a non-structural and 
cellulose amount of approximately 30 %, and a hemicellulose and AUR 
concentration of around 15 % each. The composition did not vary 
considerably from 12–24 months, when the litter appeared to lose mostly 
AUR (Fig. 3a).
FTIR subtractive analysis and correlation with wet chemical data
Spectral changes during decomposition were relatively small and best shown
by the subtractive spectra for two time intervals: 0–12 months of 
decomposition, and 12–36 months. Downward peaks in the subtraction 
spectra denote bands that increased during the respective periods. For the 
first time interval (from 0 to 12 months) we observed marked changes in the 
FTIR spectra of the litter (Fig. 4). Absorbance at the broad O–H/N–H 
stretching around 3355 cm−1 increased with decomposition. This band was 
prominent in the spectra of both pure cellulose and lignin (Reeves et al. 
2008). However, the cellulose content of the litter as assessed by wet 
chemistry and NMR decreased during this period (Fig. 3a, b). This suggests 
that the increased absorbance at 3400 cm−1 was due to the increased 
concentration of –OH containing materials other than cellulose, such as 
microbial biomass, and non-cellulose polymers during the first 12 months of 
decomposition (Fig. 4). The absorbance at 2925–2850 cm−1 (aliphatic C–H) 
also increased during the first 12 months. Gains in absorbance at 1675 and 
1540 cm−1 suggested an increase in proteins or amides. Absorbance 
between 1170–1000 cm−1, centered at 1080 cm−1 (C–O and C–O–C stretch, 
and Si–O) also increased markedly during the first 12 months.
Between 12 and 36 months, the differences shown by the FTIR subtractions 
were more subtle than in the first 12 months (Fig. 4). The litter mass losses 
observed during this period (12–36 months) were less than the first 12 
month period (Table 1). Spectral changes at 3400 and 2925–2850 cm−1 were 
opposite to the 0–12 month interval (Fig. 4). There were losses in absorbance
at 2925–2850 cm−1. Increased absorbance at 1500 and 1610 cm−1 indicated 
an increase in concentration of lignin in the decomposing litter in the last 24 
months of decomposition. Spectral subtraction shows that between 12 and 
24 months of decomposition, lattice clays were incorporated into the 
decomposing residues as indicated by an increase in absorbance at 3695 
cm−1.
The subtraction of the initial litter spectrum from the 36 month spectrum 
showed that the most marked spectral changes were a net increase in the 
1670, 1540, 1510, and 1230 cm−1 bands (not shown). This was indicative of 
lignin and polyconjugated systems. There was also a large net increase in 
the band between 1100–1030 cm−1; which was accompanied by a small 
increase at 3695 cm−1.
The correlation analysis between the derivatized FTIR data and the wet 
chemical data showed several bands that increased with AUR over the first 
24 months of the study: 2930, 2853, 1740, 1670, 1655, 1545, 1464, 1155, 
and 926 cm−1 (Table 2). Yet, only bands near 1512, and 1601 cm−1 have 
been attributed to lignin in the literature (Xu et al. 2013). Our results showed
that as the AUR became concentrated in the decomposing litter over the 3 
year period, absorbance in these two bands decreased (Table 2). However, if 
only the time between months 12 and 36 was taken into account, the lignin 
bands at 1512 and 1601 cm−1 increased, corresponding to the AUR fraction 
changes (Fig. 3). Correlation results were similar for cellulose and 
hemicellulose (Table 2). Bands correlated with cellulose and hemicellulose 
content were 897, 1126, 1173, 1319, 1512, and 1601 cm−1. The non-
structural fraction had correlation coefficients below 0.5 for all the selected 
spectral bands.
Structural group NMR analysis
The relative contributions to the NMR signal for the different harvests for the 
three major groups (cellulose, hemicellulose, and lignin) in the litter (Figs. 
3b, 5; Table 3) showed that, throughout decomposition, cellulose regions 
dominated the litter. Some of the cellulose regions (59–67, and 67–80 ppm 
regions), showed dramatic decreases in relative abundance for the first 12 
months, and by 24 months the relative abundance for all cellulose groups 
(59–67, 67–80, 80–87, 87–92 and 94–113 ppm regions) had decreased. 
Whereas all of the cellulose regions had increased in relative abundance 
after 36 months; returning to a similar level as in the initial litter (Fig. 3b). 
For all of the lignin assigned regions, we saw an increase in methoxy lignin 
especially between 0 and 24 months; suggesting a relative preferential 
preservation for this traditionally considered recalcitrant structure during the
early stages of decomposition (Fig. 5). In the 36 month sample we observed 
the methoxy lignin peak (46–59 ppm) was at its highest with a smaller 
incremental change from the earlier harvest (24 month), other lignin peaks 
had more subtle changes. The hemicellulose regions (0–25 and 161–181 ppm
regions) generally slightly increased for the 12 and 24 month samples 
compared to the initial litter. However, the methyl group in the acetyl of 
hemicelluloses (0–25 ppm) was dramatically lower in the 36 month sample 
compared to any of the earlier samples (Fig. 5).
Of the decomposition indexes we compared, the most effective ratios were 
the O-alkyl (60–90 ppm) to methoxy in lignin (45–60 ppm) ratio and C2, C3 
and C5 from cellulose (67–80 ppm) to methoxy in lignin (46–59 ppm) ratios, 
both decreased with decomposition time. The ratios which included a 
measure of the relationship of either the aromatic region of the spectrum 
with alkyl groups or the O-alkyl region to the alkyl region did not show any 
change with time.
Although the differences in the chemical composition derived by NMR were 
more subtle they generally supported the wet chemical fractionation data. To
illustrate the two step decomposition process we observed, we sought to link
the subtle NMR changes with the wet chemical fractions. We plotted the 
cellulose/AUR ratio against time in two graphs, split by time (0–12 and 12–24
months) for the wet chemical data. We made the same plot for the NMR data
(C2, C3, C5 cellulose to methoxy lignin region ratio) but were unable to split 
the time axis into the two steps due to a lack of data points. The NMR plot 
indicated a decreasing linear relationship with time (Supplementary Fig. 1a, 
R2 = 0.773, α = 0.05, p = 0.496), however, the low probable confidence of 
this relationship and the low number of data points (an average of 500 
separate analyses per sample) mean that this trend only demonstrated a 
likely relationship. For the wet chemical plot we reported a high R2 value for 
the 0–12 month plot (Supplementary Fig. 1b, R2 = 0.843, α = 0.05, p = 
0.000475), with a relatively steep slope of −0.38. This correlated to a 
preferential loss of cellulose in contrast to the unchanging AUR content over 
time (0–12 months). The 12–24 month plot (Supplementary Fig. 1c) 
effectively illustrated that cellulose was no longer being preferentially lost 
compared to the AUR fraction.
Discussion
Initial litter (Month 0) chemical composition
Overall, the values obtained for the different ADF and NDF fractions using 
wet chemical fractionation of big bluestem in this study resulted in similar 
fraction amounts to other warm season grasses including switchgrass and 
big bluestem (Jung and Vogel 1992). The initial NMR analysis (Fig. 2) of big 
bluestem was also in agreement with previous studies for big bluestem 
(Theerarattananoon et al. 2012), and other grasses (Nelson and Baldock 
2005; Preston et al. 2009; Bonanomi et al. 2013), likewise for the FTIR data 
(Theerarattananoon et al. 2012).
It is important to recognize that NMR is unable to differentiate between 
structural and non-structural carbohydrates (Lewis et al. 1988). This made it 
challenging to compare the cellulose results for each method (Fig. 3). 
Comparing total hemicellulose fractions, NMR indicated approximately 16 % 
hemicellulose whilst the wet chemical analysis indicated 25 %. The wet 
chemical hemicellulose amount was similar to other wet chemical method 
studies (Zhang et al. 2012) but it could be an over estimate due to silica 
inclusion (Udén et al. 2005), or the incorporation of noncore lignin (Dann et 
al. 2006). NMR did not have these possible interferences and so it was likely 
to be a more accurate determination of the hemicellulosic content. Despite 
this difference, both methods indicated that hemicellulose is of secondary 
importance to cellulose. Further, FTIR investigation of the C1 peak indicated 
that it was a singlet peak (Fig. 1), suggesting that the dominant cellulose 
type for the initial litter was cellulose I (Davies et al. 2002).
The AUR fraction was the smallest for both wet chemical fractionation and 
NMR, albeit their percentages varied, 4 and 10 %, respectively. Based solely 
on these percentages, and comparing those values to previous studies on 
big bluestem, the wet chemical fractionation method appeared to be 
underestimating the amount of lignin present in our litter (the AUR fraction). 
The AUR in this study was in agreement with previous lignin estimates for big
bluestem (3.9 % using a sequentially determined acid detergent lignin 
method) (Goff et al. 2012) but in contrast with others (17 % lignin using 
National Renewable Energy Laboratory analytical procedures) (Zhang et al. 
2012). There were several possible reasons for why the total amount of lignin
(thought to be in the AUR fraction) was likely underestimated (Goff et al. 
2012). Firstly, the noncore lignin (monomeric phenolic acids esterified to 
phenolic compounds) in the ADF could have been under represented (due to 
lack of access), consequently increasing the apparent amount of the non-
structural fraction (Jung and Vogel 1992; Dann et al. 2006). Secondly, the 
incorporation of other structures such as tannins and cutin within the AUR 
has been found to be a particular problem for some litters (Preston et al. 
1997).
Despite the problem of unequivocal FTIR assignment of lignin bands such as 
assigning 1060–1150 cm−1 to either (1) ether C–O–C absorbance from lignin 
(Socrates 1994), (2) polysaccharide absorbance (Stewart et al. 1995), or (3) 
C–O and C–O–C stretching in suberin or cutin, the band at 1515 cm−1 (C–H 
deformation and aromatic skeletal vibration) and at 1610 cm−1 (aromatic 
C=C vibration) were perhaps the most unequivocally assigned to lignin, and 
both were observed in the spectrum of initial litter (Fig. 1).
Stage 1 of decomposition: 0–12 months
The changes we observed during the course of the decomposition by wet 
chemical fractionation were generally similar to other studies (Coûteaux et 
al. 1995; Adair et al. 2008). Between 60–80 % of the original mass of the 
non-structural, hemicellulose, and cellulose fractions were lost by month 12 
(Fig. 3a). We observed in the NMR spectra that the majority of the cellulose 
regions decreased, while hemicellulose regions did not, suggesting that 
cellulose was selectively removed to some extent (Fig. 5).
FTIR bands that declined during the first 12 months included primarily labile 
functionalities at 1760 cm−1 (lipid C=C, or ester group C=O vibration in 
triglycerides or hemicellulose), 1600 cm−1 (lignin aromatic skeletal vibration 
(Theerarattananoon et al. 2012), but more likely in our case C=O stretching 
due to low AUR), and 1475 cm−1 (cellulose C–H deformation). Overall, the 
dynamics of the FTIR spectra were consistent with a net loss of carbonyl-rich 
molecules such as polysaccharides.
FTIR data also revealed that the aliphatic C–H became concentrated due to 
the disappearance of more labile C moieties (Fig. 4). This could have been 
because; (1) other less labile, aliphatic-rich molecules such as cutin and 
suberin could have been a significant component of plant litter C (Rumpel et 
al. 2004; Spielvogel et al. 2010), (2) cell wall components rich in aliphatic 
character could have been a component of the AUR (Preston et al. 1997), 
which increased (Figs. 2, 3). The methylene region in the NMR spectra (25–
37 ppm) increased, likely due to waxes (Nordén and Berg 1990). We noted 
however, that the aliphatic C–H bands between 2950–2860 cm−1 had some 
assignment discrepancy in previous studies of carbohydrates 
(Theerarattananoon et al. 2012) and lignin (Xu et al. 2013). Plant derived 
and/or soil minerals had an effect on the FTIR spectral changes that occurred
in the different stages of the incubation. The strongest Si–O stretching 
vibrations in silicate spectra occurred between 1100–900 cm−1, while clay 
associated silicates had O–H stretching vibration bands from 3700 to 3620 
cm−1 (Madejová et al. 2002). Between 0–12 months the increased 
absorbance around 1080 cm−1 could have been in part explained by the 
increased concentration of Si–O originally present in the plants.
The biggest change as determined by wet chemical fractionation was 
observed in the AUR fraction (Fig. 3), which increased by almost 80 % within 
the first 6 months, similar to previous observations (Hamadi et al. 2000; 
Preston et al. 2009). Consistently, during this early period we observed an 
increase in the FTIR absorbance at 1120–1020 cm−1 (Fig. 4) which could be 
derived from a number of structures such as lignin (Socrates 1994), 
polysaccharides, or from suberin/cutin (Stewart et al. 1995). A possible 
explanation for those increases in the wet chemical AUR fraction could have 
been the formation of lignin-polysaccharide structures as a result of 
microbial activity (Cortez et al. 1996; Hamadi et al. 2000). We observed 
visible fungal colonies growing on the litter during the course of 
decomposition, for which we saw direct spectroscopic evidence from the 
increasing FTIR absorbances at 1660 and 1540 cm−1 (Fig. 4). The 
absorbances could have been due to microbial protein amide I (C=O 
stretching vibration, 1660 cm−1), and amide II absorbance (N–H bending/C–N 
stretching vibrations, 1540 cm−1); similar to Klaison lignin (Preston et al. 
1997). In traditional models, lignin is thought to be stable during the early 
stages of litter mass loss (Berg and Staaf 1980). However, a new model 
proposed by (Klotzbücher et al. 2011), suggested that bioavailable C is 
necessary for the removal of lignin, and therefore, lignin is initially removed 
quickly, but then removal slows down as C bioavailability decreases. Our 
study did not support the Klotzbücher et al. model, instead it suggested an 
accumulation of the AUR fraction, and the preferential losses of water soluble
and free cellulose in the early stages of decomposition.
Despite the extensive mass loss with decomposition time (Table 1), and the 
strong decrease in the most labile fractions of the wet chemical fractions 
with time (Fig. 3a) we did not observe dramatic changes in the NMR spectra 
(Fig. 5), which is in agreement with previous studies (Preston et al. 2009). 
The process of litter decomposition appeared to render fractions of the 
original litter insoluble (Kolodziejski et al. 1982; Talbot et al. 2011), likely 
because of subtle alterations in the chemical structure impacting their 
solubility such as by the formation of cellulose-lignin structures 
(Supplementary Fig. 1), leading to a no net change in the bulk functional 
groups present in the litter. The addition of microbial matter (Kögel-Knabner 
2002) to the litter could also have led to less observable changes (Fig. 4).
Stage 2 of decomposition: 12–36 months
We observed a 97 % mass loss, that indicated full mass loss over the 36 
months we conducted this experiment. However, Cotrufo et al. 2015 
indicated that the investigated litter residues were also physically mobilized 
to the underlying soil between month 12 and 36, thus the amount of litter 
originally placed on the soil surface did not only decrease due to 
mineralization but also due to physical mass transport and leaching.
The strong correlations between FTIR spectral bands and the wet chemistry 
fractions for cellulose and hemicellulose (Table 2); especially 897, 1126, 
1173, and 1319 cm−1 (Theerarattananoon et al. 2012; Xu et al. 2013) 
suggested that these bands could be used to monitor cellulose/hemicellulose
dynamics in decomposing litter.
There was however a disparity between NMR and the other two methods for 
some cellulose and hemicellulose region/component changes. For example, 
the hemicellulose regions in the 24 month sample increased as measured by
NMR (Fig. 5), opposite to the trend measured by wet chemistry (Fig. 3a); 
however by month 36, we noted a decreasing trend for hemicellulose from 
both methods. In contrast, some of the FTIR absorbances that could have 
been assigned to cellulose (897 and 1464 cm−1) and hemicellulose (1740 
cm−1) both increased, while others such as 1050–1130 and 3400 cm−1, 
remained constant. A possible reason for this apparent disparity could be 
because the absorbances for cellulose and hemicellulose were quite similar 
and multiple absorbances can be assigned to polysaccharides to produce 
apparent differences in trend with time.
From month 12 to 24 the size of the AUR fraction decreased, suggesting it 
was decomposed or reallocated to a different fraction during this later stage 
(Fig. 3a) (Berg and Staaf 1980; Klotzbücher et al. 2011). We observed a 
similar loss in the methoxy lignin region (46–59 ppm) (Fig. 5; Table 3). 
However, there was a lack of change in the non-etherified syringyl (143–150 
ppm) region suggesting it could be recalcitrant or insoluble (such as certain 
lignin monomers). The FTIR data showed a net increase in lignin-associated 
bands, as well as the inclusion of minerals (Nguyen et al. 1991). For 
example, the absorbances at 2930–2850, 1670, and 1545 cm−1 are all 
present in pure lignin spectra and correlated with the AUR fraction (Table 2). 
However, the absorbances at 1512, and 1601 cm−1, previously assigned to 
lignin (Xu et al. 2013), did not correlate with the AUR fraction in months 12–
24; suggesting that the AUR was a mixture of structures (Galletti et al. 
1993).
While the initial litter decomposition phase (i.e., 0–12 months) showed the 
recalcitrance of aliphatic C–H and buildup of microbial biomass, FTIR 
spectroscopic changes after the first 12 months of decomposition were less 
intense and showed fluctuations in the aliphatic C–H bands. Aliphatic C–H 
bands, which resisted decomposition during the initial stages of 
decomposition declined in months 24–36, suggesting the eventual loss or 
decomposition of C–H rich cell wall material.
Lignin versus cellulose and non-structural components decomposition
Cellular polysaccharides and proteins of the non-structural fraction are 
generally considered to be inherently labile. For lignin poor litter such as big 
bluestem, it was predicted for them to be also largely bioavailable (Aber et 
al. 1990; Soong et al. 2015). Our results supported this hypothesis, but they 
also indicated that not all of these inherently labile fractions were 
bioavailable since some remained undecomposed after 2 years (Fig. 3a). Our
results suggested that inherent chemical recalcitrance is only one of the 
mechanisms controlling the persistence of a compound, and that 
complexation with other organic structures may have significantly prevented
decomposition of labile structures at later decomposition stages (Hedges and
Keil 1995; Knicker and Hatcher 1997).
Plots of cellulose/lignin against time effectively displayed the two stage 
decomposition of cellulose and lignin (Supplementary Fig. 1). These ratios 
illustrated the co-dependence of lignin methoxy groups and cellulose during 
the second stage of the litter decomposition process. A possible reason for 
the relationship between cellulose and lignin is that cellulose was being 
incorporated into the lignin during the decomposition process (Kolodziejski et
al. 1982; Talbot et al. 2011). A strong correlation between etherified ferulate 
(the crosslinking molecule for lignin) and NDF has been observed for other 
grasses (Casler and Jung 2006), suggesting that as lignin enrichment occurs 
it is accompanied by an increase in etherified ferulate. In the FTIR spectra 
there was a similar increase in the ether absorbance for the first year (Fig. 
4). The relative increase in etherified lignin suggested that more recalcitrant 
material (with a basic cellulose source incorporated into lignin) dominated in 
the decomposed litter residues, due to a higher importance of lignin linkages
relative to cellulose. There was no apparent relationship between cellulose 
and hemicellulose regions in the NMR spectra or between lignin and 
hemicellulose regions with decomposition time, which was in agreement with
our earlier assessment and the FTIR data.
Conclusions
In this study we utilized three commonly used methods to study chemical 
changes in big bluestem litter residue decomposition to almost complete 
mass loss (97 %) in a tallgrass prairie. The wet chemical fractionation 
method showed a decrease of 85 % in the most traditionally considered 
labile fractions (such as the operationally defined non-structural fraction), 
but did not accurately describe the initial litter structures. NMR and FTIR data
indicated that the actual structures contained in the litter changed more 
subtly during the course of the decomposition process, with cellulose 
dominating throughout. Thus, wet chemistry-based data should be 
interpreted with caution and this approach, if used, should always be 
coupled with spectroscopic approaches. Interestingly, we noted a two-step 
decomposition process with all three methods. In the first stage (0–12 
months) we observed a strong loss in non-structural components, cellulose 
and hemicellulose, with a subsequent increase in the amount of AUR/cutin in 
the litter. In the second stage (12–36 months) we noted that all of the main 
structural groups of the litter were lost at approximately the same rate. In 
particular, we observed a strong correlation between cellulose and lignin, 
possibly suggesting the incorporation of cellulosic type structures into lignin, 
rendering them insoluble (and possibly classified as AUR by wet chemical 
fractionation). We found that structural class was only a good indicator for 
preferential removal or preservation in the earliest stages of decomposition, 
after which lignin encrustment limited the decomposition rate of cellulose, 
and all components decomposed at similar rates. Our two stage 
decomposition model was driven primarily by the intrinsic three-dimensional 
structure of the original litter and found that only the most bioavailable 
groups were removed during early decomposition, after which decomposition
proceeded via a non-selective process.
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